by dilution to 2 M urea and digestion with trypsin facilitated the first comprehensive analysis of the yeast proteome 3 . Similarly, the use of multiple proteases in either serial or parallel analyses has improved sequence coverage of proteins [4][5][6][7] . A chaotrope swap strategy using a molecular-weight-cutoff (MWCO) spin filter reduces background chemical noise by removing detergent and undigested material 8 . Aggressive strategies to digest membrane proteins for shotgun proteomics are effective at releasing peptides from the lipid bilayer for identification 9,10 . Recently, a new protease was developed and introduced for generating larger peptides for middle-down proteomics 11 .
a b
Ten times normal protein mass from yeast culture or cell lysate ( Dig De AP r abu nda nce N a tu ra l a b u n d a n ce figure 1 | Schematic and description of the DigDeAPr method. (a) Ten times the normal mass of proteins are digested under trypsinand diffusion-limited conditions for removal of abundant proteins as abundant peptides with a MWCO spin-filter. The remaining proteins are digested as normal for LC-MS/MS MudPIT analysis. (b) DigDeAPr changes the abundance profile of the proteome by starting with ten times more protein and digesting away ~85% of the most abundant proteins. The higherabundance proteins are preferentially digested by trypsin and depleted as peptides (yellow region), which reduces their natural abundance to their DigDeAPr abundance (green region). By using ten times the protein mass to start, the DigDeAPr abundance of low-abundance proteins should be ten times higher than their natural abundance (blue region). Briefly, this equation illustrates that the rate of digestion of proteins is dependent on the concentration of each individual protein in the protein lysate and the relationship between the total protein concentration and K M . In fact, this phenomenon is similar to competitive inhibition of an enzyme. The primary difference is that high-abundance 'inhibitory' proteins form a peptide product, whereas a competitive inhibitor simply dissociates from the enzyme. However, the preference for other proximal tryptic sites on the same high-abundance protein likely contributes most to the nonlinear inhibitor-like effect. We exploited these digestion phenomena (Supplementary Note 2) to address both the abundance-dependent digestion of proteins and the abundance-dependent sampling of peptides by mass spectrometers, using a method we call DigDeAPr. Briefly, 1 mg of proteome (approximately ten times the amount typically analyzed by multidimensional protein identification technology (MudPIT) liquid chromatography-tandem mass spectrometry (LC-MS/MS)) is digested to 85% ± 10% completion under trypsin-and diffusionlimited conditions in the presence of 2 M urea ( Fig. 1a and Online Methods). High-abundance proteins are selectively digested first according to Michaelis-Menten kinetics and then removed as peptides via a MWCO spin filter. Although our use of a MWCO spin filter was inspired by chaotrope swapping experiments with spin filters 8 , we did not perform a chaotrope swap. From the mass balance (Online Methods), we routinely found that ~15% of the total protein mass was lost to the spin-filter membrane as either digested and depleted peptides or proteins, a result consistent with previous claims 15 . The residual proteome is then digested with standard trypsin digestion conditions and LC-MS/MS analysis to identify
proteins. In this case, the digestion method was the same as in our control experiments with 100 µg of proteome.
DigDeAPr changes the protein-abundance profile of the proteome ( Fig. 1b) : the most readily identified proteins and peptides are depleted, thereby improving the identification and sequence coverage of lower-abundance proteins. With tenfold higher starting mass of proteome than that analyzed in our control runs, lowabundance proteins are tenfold more abundant within the sample. Similarly, after selective digestion depletion of ~85% of the proteome, the highest-abundance proteins should in turn be tenfold lower. In fact, when we generated rank-abundance plots using protein spectral counts and sequence coverage ( Fig. 2a,b) , both of which are relative measures of protein abundance, we observed this protein abundance profile change between control and DigDeAPr analyses on human embryonic kidney (HEK) cell lysates.
To further illustrate the changes in protein abundance, we performed a statistical comparison of the average spectral count and sequence coverage of proteins identified at least twice in both control and DigDeAPr triplicate runs (Fig. 2c,d and Supplementary Data). As expected, the spectral count and sequence coverage of highabundance proteins decreased, facilitating increases in the number of identified low-abundance proteins, along with their spectral counts and sequence coverages. Specifically, we found ~300 proteins with statistically significant (P ≤ 0.05) spectral-count and sequencecoverage changes. Of these proteins, 106 out of 125 proteins with more than five spectral counts in control runs (mean = 11.3) decreased with an average of 1.95-and 1.78-fold in spectral counts and sequence coverage, respectively. Similarly, 149 out of 175 proteins with five or fewer spectral counts in control runs increased with an average of 3.11-and 3.66-fold in spectral counts and sequence coverage, respectively. These statistically significant changes typify the expected and observed trend for all protein changes found ( Fig. 2c,d) .
We also performed a comparison at the peptide level and found similar trends ( Fig. 2e and Supplementary Data). Peptides identified in control runs with more than ten spectral counts Figs. 1-3 ). High spectral count, 'proteotypic' peptides-peptides easily identified by LC-MS/MS-based proteomics methods-can suppress other lower-abundance, less 'proteotypic' peptides and typically provide no additional information about protein identity in an experiment. Thus, the protein and peptide spectral-count reductions from high-abundance proteins and peptides with DigDeAPr led to more protein (7,716 versus 6,513) and peptide (42,928 versus 40,592) identifications overall ( Fig. 2a and Supplementary Fig. 4a,b) , with more protein overlap between runs ( Supplementary Fig. 4c,d ) and more new peptides identified per run ( Supplementary Fig. 4e,f) . Notably, there were only minor changes to the quality scores between theoretical and experimental peptide spectra for all peptide abundances ( Supplementary Fig. 5 ). These results indicate that improving identification comprehensiveness with DigDeAPr did not adversely affect the quality or confidence of peptides also easily identified in control runs. Similarly, changes to spectral counts through DigDeAPr did not adversely affect the reproducibility of spectral-count quantitation for proteins with fewer than 100 spectral counts in comparison to reproducibility in control runs ( Fig. 2f) . Improvements to this and other protein quantitation metrics such as precursor and fragment-ion intensities, precursor-ion signal-to-noise ratio (S/N) and chromatographic peak area were found ( Fig. 3, Supplementary Fig. 6 and Supplementary Data) and are described further (Supplementary Note 4) . DigDeAPr directly addresses the main challenges of analyzing whole proteomes. Through selective digestion based on protein abundance, the dynamic range of analysis is improved in an unbiased manner (Supplementary Notes 5 and 6 and Supplementary Figs. 7 and 8). Because DigDeAPr relies solely on the K M of a protease and the natural abundance of proteomes, it should be broadly applicable to other organisms, proteases and proteomic pipelines to improve proteomic sequence coverage. Our method currently uses tenfold more protein mass than typical comprehensive proteomic analyses, but further optimizations of conditions and the use of higher-sensitivity mass spectrometers should make it applicable to mass-limited samples. Although we purposely changed the absolute abundance of proteins in a sample using DigDeAPr, the spectral-count reproducibility was similar to that of control runs, indicating that relative ratios of isotopically labeled protein pairs should remain unchanged, as with current protease digestions methodologies. Thus, DigDeAPr should also be applicable to quantitative proteomic pipelines using metabolic or chemical labeling strategies.
methods
Methods and any associated references are available in the online version of the paper.
Note: Supplementary information is available in the online version of the paper.
acknoWledgments npg online methods Reagents and chemicals. Unless otherwise noted, all chemicals were purchased from Thermo Fisher Scientific. Deionized water (18.2 MΩ, Barnstead) was used for all preparations.
Growth, isolation and lysis of log-phase yeast. S288C
Saccharomyces cerevisiae strain was obtained from ATCC. 250 mL of log-phase cells were grown at 30 °C in YPD medium (1% Bacto Yeast Extract, 2% Bacto Peptone, 2% dextrose) to an optical density of 0.6 at 600 nm. The culture was harvested by centrifugation at 3,000g for 5 min at 4 °C and washed twice with 10 mL of sterile water. The resulting pellet was snap frozen in liquid nitrogen and placed in −80 °C until lysis. The YeastBuster protein extraction reagent (Novagen) was used to lyse cell pellets. The procedure was identical to the manufacturer's protocol, with the addition of 0.5 g of 0. (3) where m protein,total is protein mass before digestion depletion, m protein,depleted is protein mass after digestion depletion, m peptide,depletion is the peptide mass from the spin-filter flowthrough and m peptide,filter is the peptide mass retained on the spin-filter membrane. We continued complete protein digestion of digestion-depleted samples by transferring the remaining protein solution (100-200 µL) to a centrifuge tube, washing the spin-filter membrane twice with 50 µL of 8 M urea, 100 mM Tris(hydroxyethylamine), pH 8.5; diluting the protein solution to 2 M urea, 100 mM Tris(hydroxyethylamine), pH 8.5; and adding 2 µg of trypsin and CaCl 2 to 1 mM for an overnight digestion at 37 °C. Peptides were stored at −80 °C until the day of analysis. On the day of analysis, peptide samples were acidified to 5% formic acid and spun at 18,000g.
Control protein digestion. Proteins (~100 µg) were digested by first denaturing and reducing in 60 µL of 8 M urea, 100 mM Tris(hydroxyethylamine), pH 8.5, and 5 mM Tris(2-carboxyethyl)phosphine for 30 min. Cysteine residues were acetylated with 10 mM iodoacetamide for 15 min in the dark. The sample was diluted to 2 M urea with 100 mM Tris(hydroxyethylamine), pH 8.5. Trypsin (2 µg as 0.5 µg/µL) was added at a 1:100 protease:protein ratio along with CaCl 2 to 1 mM for an overnight digestion at 37 °C. Peptides were stored at −80 °C until the day of analysis. On the day of analysis, peptide samples were acidified to 5% formic acid and spun at 18,000g.
Multidimensional protein identification technology (MudPIT)
analysis. Capillary columns were prepared in house for LC-MS/ MS analysis from particle slurries in methanol. An analytical RPLC column was generated by pulling a 100-µm-ID/360-µm-OD capillary (Polymicro Technologies) to 5-µm-ID tip. Reverse-phase particles (Jupiter C18, 4-µm diameter, 90-Å pores, Phenomenex) were packed directly into the pulled column at 800 p.s.i. until 15 cm long. The column was further packed, washed and equilibrated at 100 bar with buffer B followed by buffer A. A MudPIT trapping column was prepared by creating a Kasil frit at one end of an undeactivated 250-µm-ID/360-µm-OD capillary (Agilent Technologies) and then was successively packed with 2.5-cm strong cation-exchange particles (Luna SCX, 5-µm diameter, 100-Å pores, Phenomenex) and 2.5-cm reverse-phase particles (Aqua C18, 5-µm diameter, 125-Å pores, Phenomenex). The Kasil frit was prepared by briefly dipping a 20-cm capillary in well-mixed 300-µL Kasil 1624 (PQ Corporation) and 100-µL formamide, curing at 100 °C for 4 h, and cutting the frit to ~2 mm in length. The MudPIT trapping column was equilibrated using buffer A for 15 min at 400 bar. Peptide samples (~100 µg) were loaded onto columns at 400 bar. MudPIT and analytical columns were assembled using a zero dead-volume union (Upchurch Scientific). LC-MS/MS analysis was performed using an Agilent 1200 HPLC pump and Thermo LTQ-Orbitrap XL using an in-house-built electrospray stage. Electrospray was performed directly from the analytical column by applying the ESI voltage at a tee (150-µm-ID, Upchurch Scientific) directly downstream of a 1:1,000 split flow npg used to reduce the flow rate to 250 nL/min through the columns. Ten-step MudPIT experiments were performed with consecutive application of 0%, 10%, 15%, 20%, 25%, 30%, 40%, 50%, 60%, 70%, 85% and 100% buffer C for 5 min at the beginning of each 2-h gradient. The repetitive 2-h gradients were from 100% buffer A to 60% buffer B over 70 min, up to 100% B over 20 min, held at 100% B for 10 min, then back to 100% A for a 10-min column re-equilibration. HPLC buffers (Honeywell) were 5% acetonitrile with 0.1% formic acid (A), 80% acetonitrile with 0.1% formic acid (B), and 500 mM ammonium acetate with 0.1% formic acid, pH 6.0 (C). Precursor scanning in the Orbitrap XL was performed from 300-2,000 m/z with the following settings, respectively: 5 × 10 5 target ions, 50-ms maximum ion injection time and one microscan. Data-dependent acquisition of MS/MS spectra with the LTQ on the Orbitrap XL was performed with the following settings: collision-induced dissociation on the eight most intense ions per precursor scan, 30,000 automatic gain-control target ions, 100-ms maximum injection time, 35% normalized collision energy and one microscan. Dynamic-exclusion settings used were as follows: repeat count, 1; repeat duration, 30 s; exclusion list size, 500; and exclusion duration, 60 s. All raw data are available as Thermo .RAW files at http://fields.scripps.edu/published/ DigDeAPr2012/.
Data analysis.
Protein and peptide identification and comparison were done with Integrated Proteomics Pipeline (IP2, http://integratedproteomics.com/). Tandem mass spectra were extracted to MS1 and MS2 files from raw files using RawExtract 1.9.9 (ref. 16) . MS/MS spectra were searched against a combined UniProtKB/Swiss-Prot and UniProtKB/VarSplic human database with reversed sequences using ProLuCID 17 . Human protein entries were extracted and combined from the complete UniProtKB/Swiss-Prot and VarSplic databases downloaded at ftp://ftp.uniprot.org/pub/databases/uniprot/current_release/ knowledgebase/complete/ on 8 November 2010. The spectral search space included all fully, half-, and nontryptic peptide candidates within a 50-p.p.m. window surrounding the peptide candidate precursor mass. Carbamidomethylation (+57.02146) of cysteine was considered a static modification. Peptide candidates were filtered to 0.1% FDR and proteins candidates to 1% FDR using DTASelect 18, 19 with a 10-p.p.m. peptide precursor mass window and statistical consideration of peptide tryptic status and mass accuracy. Spectral count, XCorr, ∆CN and summed fragment-ion intensities were extracted from DTASelect results. Precursor intensities and S/N for identified peptides were extracted from MS1 files using in-house software 20 . Chromatographic peak areas were extracted with Census 21 . Protein physicochemical properties were calculated using an in-house script 22 . Calculations and log 2 comparisons of protein and peptide spectral counts and peptide XCorr, ∆CN, precursor intensity, S/N, peak area and fragment-ion intensity values were performed using Microsoft Excel (Supplementary Data) .
Recently we reported improved proteome coverage and quantitation metrics for low-abundance proteins within whole proteomes by implementing a digestion and depletion strategy (DigDeAPr) before a standard shotgun proteomic analysis. Our goal was to improve the detection of low-abundance proteins by reducing the proteolytic background of highly sampled peptides derived from high-abundance proteins. We rationalized that our gains in proteome coverage resulted from the selective digestion and removal of abundant proteins as peptides. Since the publication of the method, the mechanism by which our gains were achieved was challenged in a Correspondence by Ye et al. 1 . In response, we have reanalyzed our data in a peptide-centric manner and propose a refined kinetic mechanism consistent with established competitive substrate kinetics.
Through a simplified derivation beginning with a classical Michaelis-Menten competitive-substrate model and further quantitative analysis of our data, we provide a refined depletion mechanism that more accurately describes the complex mixtures we previously analyzed. Our revised qualitative expression describing depletion of early generated peptides from proximal fast tryptic cleavage sites with high specificity constants (V/K) ( Supplementary  Note 1) is illustrated by the following equation where c A,depleted is the mole fraction of substrate A after complete (t c ) and depletion (t d ) digestion times expressed as mole fractions of total substrate cleavage sites. So expressed, tryptic sites have different specificity constants as well as abundances. Substrate cleavage results in the generation of two shorter polypeptides that can be subsequently cleaved into more substrates over time. The relative cleavage rates are governed by each site's relative specificity constant. From this perspective, we redefine the mechanism for depletion and enrichment of the DigDeAPr method. Early generated peptides, derived from fast substrate sites (i.e., those with high V/K) within ~100 amino acids of each other, are removed during our 10-kDa molecular-weight-cutoff spin-filter depletion step. The clearing of these early generated peptides before further digestion allows enrichment of peptides resulting from slower tryptic sites in the subsequent complete digestion step.
Using equation (1) we illustrate the expected adjustment in peptide abundance resulting from limited digestion and depletion (Fig. 1a) as driven by the relative cleavage-site specificity constants (V/K). When peptide abundance is considered between control and DigDeAPr runs, the expected trend is observed ( Fig. 1b and  Supplementary Fig. 1) , a result consistent with our revised digestion and depletion theory. Notably, the use of tenfold more starting material and depletion of early generated peptides equalized the measured abundance of all peptides (Supplementary Note 2 and   Supplementary Figs. 2-4) . Because peptide abundances are used to estimate protein abundance with shotgun proteomics 2-5 , the equalization of peptides also equalizes the measurable abundance of proteins, as we found empirically in our initial analysis.
Our DigDeAPr runs provide a defined, limited digestion time point for consideration of the aforementioned kinetic efficiencies through analysis of early and late generated peptides and fast and slow tryptic cleavage sites (Supplementary Note 3) . Early generated peptides should be depleted and have lower abundances after DigDeAPr when compared to control runs, whereas late generated peptides should be enriched and have higher abundances. Using label-free chromatographic peak-area ratios of peptides in both control and DigDeAPr runs, we quantified 13,628 and 13,112 peptides in human embryonic kidney (HEK) cells ( Fig. 2a) and yeast cells, respectively, that were used to classify peptides as early or late generated by their relative ratios. Both distributions showed defined populations of peptides that were depleted (log 2 ratio ≤ -1), unchanged (-1 < log 2 ratio < 1) and enriched (log 2 ratio ≥ 1). Focusing on the HEK peptide distribution, motif analysis of cleaved (a) Schematic of our refined mechanism for digestion and depletion based on the cleavage-site specificity constant (V/K) for a given protease. The natural abundances of peptides from a complete protease digestion are adjusted by the use of ten times as much material and depletion of early generated peptides to enrich for late generated peptides with lower cleavage-site specificity constants. (b) Rank-abundance plot of peptide chromatographic peak areas from triplicate control (yellow) and DigDeAPr (blue) runs representing early and late generated peptides, respectively. Error bars, s.d. addenda npg ( Fig. 2b) and missed cleaved (Fig. 2c) tryptic sites on depleted peptides confirmed that early generated peptides from proximal fast tryptic cleavage sites (<~100 amino acids apart) were selectively removed during the 10-kDa depletion step (Supplementary Note 4) .
Similarly, tryptic motifs of enriched, late generated peptides represent slow cleavage sites (Fig. 2d ) that remained uncleaved within polypeptides of >10 kDa at the depletion time point. Thus, consideration of tryptic sites and peptides in the digestion and depletion mechanism is essential and illustrates the depletion and enrichment of peptides from fast and slow tryptic cleavage sites, respectively. By considering these early and late generated peptides in our protein abundance analyses, we notably still observed an abundancebased depletion and enrichment trend in both yeast and HEK cells: higher-abundance proteins have more early generated peptides identified, and lower-abundance proteins have more late generated peptides identified ( Supplementary Fig. 5 and Supplementary Note 5) . On the basis of these data and our understanding of peptide sampling in shotgun proteomics 2 , we conclude that our gains originate from analysis of a different population of enriched, late generated peptides. That is, depletion of early generated peptides from high-abundance proteins removes enough proteolytic background to unmask and identify more late generated peptides from low-abundance proteins. Although we may not have explicitly depleted abundant proteins through digestion, in our reanalysis we found that depletion or enrichment of single peptides accounted for ~30% (1/slope = 0.298) of the observed protein abundance depletion or enrichment, respectively, explained by ~60% (coefficient of determination R 2 = 0.57) of the protein abundance measurements ( Supplementary Fig. 6 and Supplementary Note 6). Additionally, we found a notable overlap in depleted, early generated yeast peptides and 'proteotypic' yeast peptides ( Supplementary Fig. 7 and Supplementary Note 5) . Although proteotypic peptides can be used to robustly identify and quantify many proteins, they can also act as proteolytic background for other less abundant or less sampled proteins and peptides 6 . Our results collectively indicate that depletion of highly sampled, abundant, easily identified, proteotypic peptides has a similar effect as depleting abundant proteins to improve identification and quantification of peptides from lowabundance proteins. With our reexamined view of peptide abundance changes and their correlation to protein changes, we propose a refined mechanism by which our proteome coverage and quantitation gains are realized through digestion and depletion: depletion of early generated peptides and enrichment of late generated peptides equalizes measurable peptide abundances and unmasks less proteotypic peptides for improvements in low-abundance protein identification and quantification. We suggest that DigDeAPr should represent digestion and depletion of abundantly sampled peptides and proteins through enrichment of less easily digested and identifiable proteins and peptides. Nonetheless, the combination of tenfold more starting material with limited digestion and depletion remains a robust and straightforward method to remove the most easily and repeatedly detected peptides, clearing chromatographic, electrospray ionization and mass spectrometer space for improvements in identification coverage and quantification of low-abundance proteins. Our refined mechanistic analysis suggest that varying limited digestion times in combination with the use of other proteases with different site specificity constants (V/K) and different molecularweight-cutoff filter sizes may hold the most potential to further improve coverage and quantitation of whole proteomes.
methods
onLIne methods
Quantitative characterization of early and late generated peptides. Label-free chromatographic peak areas (Supplementary Data) were extracted for both yeast and HEK cell data using Census 8 . Briefly, MS1 precursor isotope envelopes were extracted for identified peptides using a 30-p.p.m. window and integrated over the chromatographic timescale. The same peptide sequences of different charge states were extracted and compared separately. Because peptides of the same charge state can be sampled multiple times during MudPIT, the peptide match with the highest XCorr, and presumably the highest signal, was extracted and integrated for comparison between separate MudPIT runs. Peptides with a log 2 (DigDeAPr/control) ratios ≤-1 were considered early generated, whereas peptides with log 2 (DigDeAPr/control) ratios ≥1 were considered late generated.
Quantitative characterization of tryptic motifs. Our previous database search considered an unlimited number of internal missed cleavages for each peptide candidate up to 6 kDa in length. Identified peptides were aligned to tryptic or missed cleaved lysine and arginine residues with Motif-x 9,10 and then represented as motifs with iceLogo 7 . Positive data sets for iceLogo analyses were aligned tryptic ends of HEK and yeast peptides on depleted, early generated peptides (considered fast cleavage sites) and enriched, late generated peptides (considered slow cleavage sites). Missed cleavage sites within depleted, early generated peptides were also considered fast cleavage sites. Peptides with log 2 (DigDeAPr/ control) ratios in the interval (-1, 1) were considered unchanged and used as the negative set of aligned sites for tryptic and missed cleavage motif extraction for HEK peptides. The regional-sampled UniProt yeast protein database was used as the negative set of sites for yeast peptide motif analyses.
